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ABSTRACT

Cell migration is a fundamental process for life and is highly dependent on the dynamical and mechanical properties of the cytoskeleton.
Intensive physical and biochemical crosstalk among actin, microtubules, and intermediate filaments ensures their coordination to facilitate
and enable migration. In this review, we discuss the different mechanical aspects that govern cell migration and provide, for each mechanical
aspect, a novel perspective by juxtaposing two complementary approaches to the biophysical study of cytoskeletal crosstalk: live-cell studies
(often referred to as top-down studies) and cell-free studies (often referred to as bottom-up studies). We summarize the main findings from
both experimental approaches, and we provide our perspective on bridging the two perspectives to address the open questions of how cyto-
skeletal crosstalk governs cell migration and makes cells move.

VC 2024 Author(s). All article content, except where otherwise noted, is licensed under a Creative Commons Attribution (CC BY) license (https://
creativecommons.org/licenses/by/4.0/). https://doi.org/10.1063/5.0198119
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I. INTRODUCTION

Cell migration is a process that is fundamental for life. It is a
major contributor to tissue morphogenesis in developing embryos1

and drives angiogenesis,2 bone formation,3 tissue repair,4 and immune
surveillance.5 On the flip side, however, cell migration is also responsi-
ble for pathological cell migration during chronic inflammation6 and
cancer metastasis.7 Cell migration depends on the mechanical and
dynamical properties of the cytoskeleton, a network of dynamic biopol-
ymers that self-assemble from small protein building blocks. There are
three main cytoskeletal biopolymers: actin filaments, microtubules,
and intermediate filaments [Fig. 1(a)]. They have markedly different
structural, mechanical, and dynamical properties. In addition, septins
are identified as the fourth cytoskeletal component.8

Actin filaments are double helices with a diameter of�7 nm, made
of two strands of globular monomers.9 The filaments are semiflexible
since their thermal persistence length lp ¼ j=kBT (where j is the bend-
ing rigidity and kBT is the thermal energy) is �10 lm, of the same order
as the filament contour length.10 Actin filaments have an intrinsic struc-
tural polarity with a “barbed end” and a “pointed end.” Polymerization-
linked ATP hydrolysis causes treadmilling, where the filaments grow at
the barbed end and disassemble from the pointed end.11 Filaments
reconstituted from purified actin turn over slowly (one subunit every 3–4
s), but actin turnover in the cell is catalyzed by actin-binding proteins.
Typical actin network turnover times are of order seconds in the leading
edge of motile cells12 to minutes in the actin cortex.13 Together with
myosin motor proteins, actin filaments form networks and bundles that
generate contractile forces.14Microtubules form hollow tubes of 13 proto-
filaments that are much wider (�25nm)15 and hence substantially stiffer
(lp � 1mm)16 than actin filaments. Like actin filaments, microtubules

have an intrinsic structural polarity with distinct plus and minus ends.
GTP hydrolysis results in dynamic instability, characterized by alternat-
ing phases of microtubule growth and shrinkage.17 In the cell, this pro-
cess is tightly regulated by accessory proteins that bind at the
microtubule tip or lattice. Intermediate filaments are homo-/heteropoly-
mers made of rod-shaped proteins that are encoded by more than 70
genes in humans.18 Intermediate filament proteins are expressed in a
cell-type-specific manner. Mesenchymal cells, for instance, express
vimentin, whereas epithelial cells express keratins. The intermediate fila-
ment proteins share a common secondary structure consisting of an
alpha-helical rod domain flanked by intrinsically disordered head and
tail domains. Intermediate filaments are somewhat thicker (�10nm)19

than actin filaments, but they are, nevertheless, much more flexible
(lp � 0.5–2lm, depending on intermediate filament composition and
ionic strength20–24) because of their hierarchical rope-like structure.
Intermediate filaments are much more stable than actin filaments and
microtubules, with slow subunit exchange along their length and anneal-
ing and fragmentation on hour time scales in reconstituted systems25,26

and in cells.27,28

The physical properties of the cytoskeletal filaments are directly
connected to their functions in cell migration. Actin, with its ability to
generate protrusive and contractile forces, provides the main driving
forces for polymerization-driven mesenchymal migration and bleb-
based amoeboid migration.29,30 Meanwhile microtubules play a key
role in establishing front-rear polarity and promoting persistent migra-
tion, aided by their large persistence length that is much longer than
the size of the cell.31 Finally, intermediate filaments, with their
mechanical resilience, protect the migrating cell and its nucleus from
mechanical damage, which is especially important when cells squeeze
through confined environments.32,33

There is growing evidence that cell migration requires a dynamic
interplay between the three cytoskeletal filament systems that depends
on mechanical and signaling crosstalk. In mesenchymal migration,

FIG. 1. (a) Schematic of the three major
cytoskeletal filament types and their distinc-
tive physical properties. (b) Fluorescent
confocal microscopy image of human mela-
noma (MV3) cells stained for a-tubulin
(green), F-actin (magenta), and vimentin
(cyan). The cell nuclei are shown in blue. (c)
An electron microscopy image of an in vitro
reconstituted three-component cytoskeletal
network showing F-actin (magenta arrows),
microtubules (green arrows) and vimentin
(cyan arrows). Filaments were pre-
polymerized separately at 1lM. Actin and
microtubules were polymerized in MRB0
buffer (80mM PIPES pH 6.8, 1mM EGTA
and 4mM MgCl2) with 50mM KCl, 1mM
DTT and 0.5mM ATP, while vimentin was
polymerized in V-buffer (40mM PIPES pH
7, 1mM EGTA and 4mM MgCl2, 100mM
KCl, 1mM DTT). The filaments were com-
bined in MRB80 buffer (with 50mM KCl,
1mM DTT, and 0.5mM ATP). Scale bar
100 nm.
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coupling of actin to microtubules and intermediate filaments is, for
instance, essential to polarize the actin cytoskeleton and control force
generation.34 In Fig. 2, we highlight examples of the different cytoskel-
etal crosstalk modalities (Table I). Here, we review recent insights in
the role of cytoskeletal crosstalk in cell migration, with a focus on
mechanical aspects. For more detailed cell biological insights, we refer
the reader to several excellent reviews.34–38 We take a mainly experi-
mental perspective and refer the reader to other reviews for more theo-
retically oriented perspectives.39,40 Throughout this review, we
confront two opposite experimental approaches to studying the bio-
physics of cytoskeletal crosstalk: live cell (top-down) studies [Fig. 1(b)]
vs cell-free (bottom-up) studies of simplified model systems reconsti-
tuted from component parts [Fig. 1(c)]. Live-cell studies have the ben-
efit of physiological relevance, but mechanistic dissection is
challenging because of the cell’s compositional complexity. Each cyto-
skeletal system exhibits enormous compositional diversity with differ-
ent isoforms and posttranslational modifications.41 Moreover,
cytoskeletal coupling is mechanosensitive as a consequence of mecha-
nosensory signaling loops and transcriptional regulation.42 Cell-free
studies provide a powerful approach to complement live-cell studies
because they allow for highly controlled experiments from the level of
single protein, to filaments, to networks.

Cytoskeletal crosstalk contributes to every aspect of cell migration
(Fig. 2). We structure the review according to these aspects, from cell

deformability, to front-back polarity, contractility, adhesion control in
collective cell migration, and finally plasticity, which refers to the abil-
ity of cells to adapt their mode of migration to their environment.43

We end with a perspective on how connections can be made between
cell-free and live-cell studies to address the many open questions on
the role of cytoskeletal crosstalk in cell migration.

II. CELL DEFORMABILITY
A. Live-cell studies

1. Mechanical challenges in cell migration

Migrating cells must deform their nucleus and cytoskeleton, espe-
cially when they move through interstitial tissues that impose signifi-
cant confinement. Depending on tissue type, cells encounter
extracellular matrix (ECM) and interstices between tissues with sizes
ranging between 2 and 30lm, comparable to their own body and
sometimes even nuclear size.44 Metastasizing cancer cells have to over-
come even more severe physical barriers as they intravasate across the
endothelium into blood vessels or across epithelial tissues into lym-
phatic vessels. Cell deformability is, therefore, an important determi-
nant of cell migration.45 For many cancer cells, for instance, lower
stiffness correlates with higher motility.46

Migrating cells experience a complex combination of tensile,
compressive, and shear deformations of varying amplitudes and rates.
The effect of these mechanical parameters on cell deformability has
been extensively characterized using quantitative biophysical techni-
ques. To study the viscoelastic properties of cells without the impact of
cell adhesion, cells can be detached from their substrate and measured
in suspension by micropipette aspiration,47 optical stretching,48

parallel-plates rheometers,49 or high-throughput microfluidic meth-
ods.50 These measurements are mostly relevant for amoeboid migra-
tion where cells exhibit only weak adhesion to their environment. For
mesenchymal migration, it is more relevant to study mechanics on
adherent cells. Whole-cell measurements of adherent cells can be done
by monolayer rheology or stretching51–53 or by single-cell atomic force
microscopy.54,55 Localized measurements to resolve the mechanics of
specific subcellular regions can be done by magnetic twisting cytome-
try,56 atomic force microscopy,57 optical or magnetic tweezers,58,59 or
particle tracking microrheology.60 Some of these methods allow for in
situmeasurements in migrating cells.61,62

The nucleus is the stiffest and largest organelle with a stiffness
ranging from 0.1 to 10 kPa, dependent on cell-type.63 The main con-
tributors to the rigidity of the nucleus are heterochromatin and the
nuclear lamina (also termed the nucleoskeleton), which contains lamin

FIG. 2. Cytoskeletal crosstalk contributes to every aspect of cell migration including:
(1) cell deformability that governs the ability of cells to migrate through confining
environments. Red arrows show deformation caused by the cell migrating through
the extracellular matrix. (2) Contractility as a major driver of cell motility. Red arrows
show actin-myosin contraction. (3) Front-rear polarity for directional migration. (4)
Cell–cell adhesions to coordinate collective migration. The leader cell is shown in
the dark blue. (5) Plasticity, the ability of cells to interconvert between different
migration strategies in response to their environment, for example between mesen-
chymal and nuclear piston modes. Here, the nucleus is pulled forward (dark blue
arrow). Black arrows show the direction of migration. Actin (magenta), vimentin
(cyan), nucleus (teal), intercellular adhesions (green linkers), plectin (pink linkers),
and extracellular matrix fibers (purple).

TABLE I. Table highlighting the different cytoskeletal crosstalk modalities that are discussed in this review, each with an example from the text.

Modality Cytoskeletal element #1 Cytoskeletal element #2 Mediator(s) Function of the crosstalk

Direct interaction Microtubules Vimentin Excluded volume Promoted strain-stiffening135,136

Actin Vimentin Excluded volume Mechanical synergy132

Crosslinker Actin Vimentin Plectin Force transmission to nucleus146

Microtubule Actin ACF7/MACF Guided filament growth140,189

Molecular signaling Actin Microtubules GEF-H1/RhoA Detachment of leader cells228

Actin Vimentin RhoGTPases Inhibition of stress fiber assembly155

Steric interaction Actin Microtubules Electrostatic interactions Promoting filament alignment140
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intermediate filaments.64–66 Intact nuclei in situ have a higher stiffness
than isolated nuclei because the nucleus is coupled to the cytoskeleton
through the LINC complex (composed of SUN-domain proteins and
KASH-domain proteins, which physically connect the cytoskeleton to
the nucleoskeleton).67 Since the nucleus is not only the stiffest but also
the largest cellular organelle, it poses a major bottleneck for confined
migration.68 When cells are embedded in collagen networks or micro-
fabricated microchannels, their migration velocity linearly decreases
with decreasing pore size until migration is physically blocked when
the pore size reaches 10% of the nuclear cross section.69 Under highly
confined conditions, cells can only move if they are able to remove
blocking ECM fibers with proteolytic enzymes.69,70

2. Regulation of cell deformability through cytoskeletal
crosstalk

The actin cytoskeleton is often considered the main determinant
of cell mechanics. Drug-induced depolymerization of actin filaments
indeed significantly softens cells both under non-adherent and adher-
ent conditions.71,72 An important contribution of the actin cytoskele-
ton to cell stiffness comes from contractile forces generated by actin-
myosin stress fibers73 and by the actin cortex.74 Intermediate filaments
form dense networks that are mainly perinuclear, so they contribute
little to cortical stiffness but strongly affect the cytoplasmic shear mod-
ulus75 and the resistance of cells to compression.55 For leukocytes and
tumor cells performing 3D migration, the intermediate filament cyto-
skeleton is a major determinant of cell deformability. Intermediate fila-
ment protein deletion or network disruption causes significant cell
softening while at the same time enhancing cell migration.33,76–78

Microtubules generally do not contribute much to cell stiffness, with
drugs that interfere with microtubule polymerization having minor
effects on cell mechanics.79 Recently, though, microtubules were
shown to exhibit interesting mechano-responsive properties.
Cytoskeletal compression induced by cyclic cell stretching or by con-
fined migration was shown to stabilize deformed microtubules by trig-
gering recruitment of the microtubule-binding protein CLASP2.80

When cells are transferred from rigid 2D substrates to softer 3D
hydrogels, the mechanical contribution of microtubules becomes more
important because actin stress fibers become less prominent. In cells
migrating through collagen gels, microtubules for instance play a cru-
cial role in mechanical support of cellular protrusions.81

It remains an open question how the interactions between the
three cytoskeletal biopolymers influence the mechanics of the compos-
ite cytoskeleton. Theoretical models predict that composite networks
composed of interpenetrating networks of rigid and flexible polymers
are substantially stiffer than expected from the sum of the moduli of
the separate networks.82 Rigid fiber networks by themselves are
expected to be soft at low deformation because they deform in a non-
affine manner, where the elasticity is governed by fiber bending.83 The
presence of a background network of flexible polymer suppresses these
non-affine bending deformations.82 Unfortunately, this prediction is
difficult to directly test in live-cell experiments because it is very chal-
lenging to specifically remove one cytoskeletal network without also
affecting the others. Microtubule depolymerization is, for instance,
well-known to activate acto-myosin contraction by the release of the
microtubule-associated guanine nucleotide exchange factor GEF-H1.84

At large strains, there is some evidence of mechanical synergy between
the cytoskeletal networks. Epithelial cell layers are able to undergo

extreme stretching under constant tension (“active superelasticity”) by
strain-softening of the actin cortex followed by re-stiffening thanks to
the keratin intermediate filament network.85 Physical cross-linking
between actin and keratin is essential for the maintenance of epithelial
stability.86 The ability of flexible polymers to suppress bending defor-
mations of rigid polymers has the interesting consequence that the
rigid polymers are reinforced against compressive loads.87 Under com-
pressive loading, rigid polymers exhibit an Euler buckling instability at
a critical compression force fc � 10j=L2, where L is the polymer
length. For microtubules, the critical compression force is only of order
1 pN.88 In the cell, however, microtubules can bear 100-fold larger
compression forces because the surrounding actin and intermediate fil-
ament cytoskeleton constrains microtubule buckling.89,90 This is con-
sistent with the so-called tensegrity model, which states that cellular
shape stability is achieved via a balance between actin filaments and
intermediate filaments loaded under tension, and microtubules and
thick actin bundles under compression.91

B. Cell-free studies

1. Mechanical properties of individual cytoskeletal
components

Live-cell mechanical measurements can be difficult to interpret in
quantitative terms because they are sensitive to the amplitude, type
and rate of deformation, geometry of the mechanical probe, the probed
location in the cell, and the cell’s extracellular environment.92 Cell-free
studies provide a useful complement because they permit quantitative
measurements of the mechanical properties of isolated cytoskeletal
components, both at the single filament and at the network level.

At the single filament level, cytoskeletal biopolymers have been
bent, stretched, compressed, and twisted using optical and magnetic
tweezers,93–96 atomic force microscopy,97,98 and microfluidic devices.99

Actin filaments and microtubules have a high bending and stretching
rigidity, but they break at rather low tensile strains (�150%
strains).100,101 Moreover, actin filaments become more fragile under
torsion100 and microtubules soften upon repeated bending.99 This fra-
gility is likely related to the fact that actin filaments and microtubules
are made of globular subunits. In contrast, intermediate filaments are
made of fibrous subunits held together by extensive lateral interactions.
Intermediate filaments easily stretch and bend due to their open struc-
ture, and they can withstand tensile strains of more than 200% before
rupture.97 Similar to a car’s safety belt, intermediate filaments are soft
under small and slow deformations but stiff under large and fast defor-
mations.93 Recent evidence suggests that different intermediate fila-
ment proteins respond differently to tensile loads. When subjected to
stretch-relax cycles, keratin filaments elongate with every cycle but
keep the same stiffness, whereas vimentin filaments soften with every
cycle but always return to the same initial length.102 It appears that
vimentin stretches by monomer unfolding,103 whereas keratin fila-
ments stretch by viscous sliding of subunits.102 It will be interesting to
see what further diversity may be generated by co-polymerization of
different intermediate filament proteins and by post-translational
modifications.

On the network level, mechanical properties of cytoskeletal fila-
ments are most conveniently probed by either bulk rheology or micro-
rheology. In bulk rheology, cytoskeletal networks are sheared between
the two parallel plates of a rheometer, providing a readout of the
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macroscopic viscoelastic response.104 Microrheology instead probes
the localized viscoelastic response of a material by tracking the motion
of embedded probe particles, either in response to thermal fluctuations
(passive microrheology105) or to a force applied by optical or magnetic
tweezers (active microrheology106) The mechanical response of cyto-
skeletal networks is determined by an interplay of the stiffness of the
filaments and their interactions.

2. Effects of cross-linking on the mechanical properties
of cytoskeletal networks

Actin filaments and microtubules form entangled networks that
easily fluidize under shear due to filament disentanglement.107–109

Filament cross-linking via crosslinker proteins prevents this fluidiza-
tion and causes the networks to strain-stiffen. This strain-stiffening
response is only moderate for microtubules because of their high rigid-
ity and because shearing causes force-induced unbinding of cross-
links.106,107 Actin networks exhibit more pronounced strain-stiffening
because their elasticity is affected by the entropic elastic response of the
filaments to tensile loading.110 Tensile loading reduces the conforma-
tional entropy of actin filaments, pulling out bending fluctuations,
causing entropic strain-stiffening.111 Increased cross-link densities shift
the onset of strain-stiffening to smaller shear strains because less excess
length is stored in bending fluctuations when the crosslinks are more
closely spaced.110 Some crosslinker proteins (most notably filamin) are
so large that their compliance directly contributes to the network
response. Crosslinker extensibility increases the rupture strain by post-
poning the point where the actin filaments experience tensile load-
ing.112,113 Bundling of actin filaments, which is common at high
concentrations of crosslinker proteins, suppresses entropic elasticity.
Bundled actin networks still strain-stiffen,110 but by an enthalpic
mechanism that involves a transition from soft bending modes at low
strains to rigid stretching modes at high strain.114,115 Under compres-
sion, actin and microtubule networks soften due to filament buck-
ling.55 For branched actin networks, compressive softening has been
shown to be reversible, likely because the buckled filaments are pre-
vented from collapsing by their connections with the network.116

The mechanical properties of intermediate filament networks dif-
fer in various respects from those of actin and microtubule networks.
First, intermediate filaments form strain-stiffening networks even in
the absence of any crosslinker proteins, as demonstrated for vimentin,
neurofilaments, desmin, and keratin.117,118 The filaments spontane-
ously form crosslinks mediated by electrostatic interactions between
their disordered C-terminal tails. Upon tail truncation, the networks
no longer strain-stiffen.119–121 The effective cross-link density depends
on the concentration of divalent cations such Mg2þ, Ca2þ, or
Zn2þ118,119,122,123 and is sensitive to the buffer ionic strength and
pH.124 For keratins, there are additional hydrophobic interactions
between the central rod domains that stiffen the networks.22 Second,
intermediate filament networks have much larger rupture strains than
actin and microtubule networks as a consequence of the larger single-
filament extensibility. This is reflected in the dependence of the elastic
modulus K on the applied shear stress r. While actin networks only
exhibit an entropic strain-stiffening regime where K increases as r

3
2,

intermediate filament networks exhibit an additional enthalpic regime
where K increases more weakly, reflecting strain-induced filament
alignment.117 After yielding, intermediate filament networks can even

recover their initial shear modulus, likely by the re-establishment of
tail-tail crosslinks.120,125

3. Mechanical characterizations of composite
cytoskeletal networks

Recently, there has been increasing attention for the mechanical
properties of cytoskeletal composites. Reconstitution of composite net-
works requires careful tuning of the buffer conditions since the differ-
ent cytoskeletal polymers are traditionally reconstituted in their own
optimized buffer conditions. Intermediate filaments are especially sen-
sitive to solution pH and ionic concentrations, forming filaments of
different widths and protein mass-per-length ratios depending on the
buffer.126 Until now nearly all studies of composite networks have
focused on two-component composites of cytoskeletal filaments co-
polymerized in the absence of crosslinkers. At small strains, co-
entangled composites (specifically combinations of actin/vimentin,127

actin/keratin,128,129 actin/microtubules,130 and vimentin/microtu-
bules131) have generally been shown to exhibit a simple additive visco-
elastic response. However, there is evidence for direct interactions of
vimentin filaments with actin filaments132 as well as microtubules,133

which could potentially influence the network rheology. These interac-
tions could potentially lead to cell-type specific cytoskeletal crosstalk,
since they are mediated by the C-terminal tail of intermediate fila-
ments that shows large length and sequence variations between differ-
ent intermediate filament proteins. It was furthermore shown that
vimentin can impose steric constraints that hamper actin network for-
mation and thus cause network weakening.134 At large strains, there is
evidence of synergistic enhancement of the mechanical properties in
certain cytoskeletal composites. For actin/keratin composites, the
strong strain-stiffening response of the keratin network was found to
dominate the high-strain response of the composites.129 For actin/
microtubule composites, microtubules were shown to promote strain-
stiffening of the actin networks, even at low density.135,136 This effect
was explained by the ability of rigid microtubules to suppress nonaffine
bending fluctuations of actin filaments. It will be interesting to explore
how these synergies are modified in the presence of crosslinkers.
Recent work showed that when actin filaments and microtubules are
crosslinked to each other by biotin-streptavidin, the composite is more
elastic than when both filaments are independently crosslinked.137

To the best of our knowledge, there has so far been only one
study of three-component networks combining actin, vimentin, and
microtubules.138 It was shown by microrheology that the linear elastic
modulus of the composite is dominated by actin, with little contribu-
tion from either microtubules or vimentin. Yet vimentin was shown to
significantly extend the elastic regime to longer timescales. The authors
proposed that the vimentin network that fills in the pore spaces of the
actin network139 slows stress relaxation by constraining actin reptation.
More work is needed to systematically study cytoskeletal composites
and to explore the impact of cross-linking with cytolinker proteins
such as plectin. Due to their high molecular weight, these proteins are
difficult to purify. To circumvent this problem, one can engineer pro-
teins that contain only the cytoskeletal binding domains separated by a
spacer.140 Using this approach, we recently found that cross-linking
with a plectin-mimetic crosslinker causes synergistic stiffening of
actin-vimentin composites.141
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III. CELL CONTRACTILITY
A. Live-cell studies

1. Acto-myosin contraction is the driving force behind
cell migration

The actin cytoskeleton is the main engine behind cell migration.142

Depending on the extracellular environment, cells can switch between
different mechanisms that use actin-based forces in different ways.143

Fibroblasts and other adherent cells perform mesenchymal migration,
which relies on integrin-based adhesion to the extracellular matrix
(ECM). The process occurs via a four-step cycle. First, actin polymeri-
zation pushes against the membrane at the leading edge, producing
lamellipodia in cells migrating on flat rigid surfaces or pseudopodia in
cells migrating in 3D extracellular matrices. Next, the cell generates
integrin-based adhesions with the substrate that connect to the con-
tractile machinery of acto-myosin stress fibers. Through a combination
of pulling from the front and squeezing from the rear, the cell body
moves forward. Finally, old adhesions are detached from the substrate
or dissolved at the trailing edge.144 The contractile forces involved in
cell migration have been measured through the traction forces exerted
on the substrate. This is usually done by adhering cells to a hydrogel
substrate with known mechanical properties, such as polyacrylamide.
By measuring the displacements of fluorescent tracer particles incorpo-
rated in the gel with fluorescence microscopy, one can computationally
infer the traction forces using continuum mechanics models.145

Adherent cells that experience strong confinement utilize a nuclear pis-
tonmechanism where actin-myosin contraction in front of the nucleus
pulls the nucleus forward. Since the nucleus divides the cell in forward
and rearward compartments, it acts as a piston that pressurizes the for-
ward compartment and drives forward a cylindrical lobopodial protru-
sion.146 Weakly adherent cells such as leukocytes and physically
confined fibroblasts and cancer cells perform amoeboid migration,
characterized by spherical membrane blebs at the leading edge
(reviewed in Ref. 147). Blebs are created by myosin-driven contraction
of the actin cortex underneath the cell membrane, which builds up
hydrostatic pressure in the cytoplasm. Local rupture of the actin cortex
or its attachment to the membrane causes local membrane delamina-
tion, pushing forward a membrane bleb. Over time the actin cortex
regrows under the bleb membrane and myosin contraction drives bleb
retraction. Confinement can also induce other migration modes that
require little substrate adhesion. Cells can move via friction generated
by actin flows within the cortex generated by myosin contraction and
actin turnover,148 and some tumor cells can still migrate by using active
transport of water from the front to the back of the cell to propel them-
selves forward (osmotic enginemodel149).

2. The role of microtubules and intermediate filaments
in acto-myosin mediated cell contractility

While not being components of the contractile machinery, both
microtubules and intermediate filaments are important for regulating
cell contraction. Microtubules negatively regulate the assembly and
contractility of actin stress fibers by sequestering GEF-H1, an activator
of the small GTPase Rho, in an autoinhibited state.150 Microtubule
depolymerization by nocodazole releases active GEF-H1, leading to a
global increase in contractility as measured by traction force micros-
copy.151 During both mesenchymal and amoeboid migration,

microtubule depolymerization and consequent GEF-H1 is tightly regu-
lated so that actin contractility can be precisely timed and localized in
a mechanosensitive manner.152–154 In addition to biochemical regula-
tion, it is likely that mechanical synergy is also involved in
microtubule-based control of actin contractility, since microtubules are
able to absorb some of the forces from the contractile actin
cytoskeleton.91

Intermediate filaments likewise regulate actin-based cell contrac-
tion by a combination of mechanical synergy and biochemical signal-
ing. In cells migrating on flat surfaces, vimentin has been reported to
inhibit stress fiber assembly and contractility through down-regulating
GEF-H1 and RhoA.155 Nevertheless, traction force measurements
have shown that vimentin-null cells are less contractile than their wild-
type counterparts.139 Taken together with the observation that vimen-
tin filaments orient traction stresses along the front-rear axis, this
suggests a mechanical synergy where vimentin helps build up and
transmit larger contractile forces.156 Recently, it was shown by struc-
tured illumination microscopy and electron microscopy that vimentin
filaments are closely associated with actin stress fibers, forming mesh-
works that wrap around stress fibers or co-align with them.42,139

Physical coupling between the two systems is dependent on the cyto-
linker protein plectin.157 Interestingly, it was recently shown that plec-
tin binds vimentin in response to acto-myosin pulling forces.158 The
mechanism for this mechanosensitivity is unknown but could involve
catch bonding.159 Plectin-mediated coupling of actin and vimentin
was recently shown to be essential for cells migrating via the nuclear
piston mechanism.158 The vimentin network helps transmit acto-
myosin pulling forces to the nucleus, thus enhancing the pressure in
the front of the nucleus. It is not yet known whether intermediate fila-
ments also influence cell migration modes driven by contractile activity
of the actin cortex, but recent observations that vimentin and F-actin
are associated within the cell cortex suggest this is likely.139

B. Cell-free reconstitution studies

There is an extensive body of work using cell-free reconstitution
to elucidate the mechanisms by which myosin II motor proteins con-
tract actin networks (reviewed in Ref. 14). The contraction mechanism
has been found to depend on the actin network connectivity, which is
controlled by filament length and by cross-linking. Well-connected
networks of long filaments contract because myosins generate com-
pressive stress that causes the actin filaments to buckle and break.160 In
contrast, when the filaments are short, myosins contract the network
by polarity sorting, transporting and clustering actin filament plus
ends to form polar actin asters.161 In both cases, the length scale of
contraction is set by the network connectivity. Global network contrac-
tion requires the actin network to be crosslinked above a critical perco-
lation threshold.162 However, excessive cross-linking will prevent
contraction by making the network too rigid.163 As described above,
several cell migration mechanisms rely on myosin-driven contraction
of the actin cortex. Recently several groups have been able to reconsti-
tute biomimetic actin cortices by co-encapsulating actin and myosin
inside cell-sized lipid vesicles. For weak actin-membrane attachment,
the network detaches from the membrane upon contraction.164 In the
case of stronger attachment, myosin contraction can cause membrane
blebbing.165 Cortical flows that are important for driving amoeboid
migration require not only myosin activity, but also network remodel-
ing through actin depolymerization.166 Under particular conditions,
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crosslinked actin-myosin cortical networks in emulsion droplets have
been observed to exhibit cortical flows,167 likely because myosin can
promote actin turnover.168 Cell extracts, which contain additional pro-
teins to promote actin turnover, also exhibit cortical flows when encap-
sulated in emulsion droplets.169–171 When these droplets are confined,
the myosin-driven cortical flows can propel the droplets forward due
to friction with the channel walls, mimicking amoeboid migration of
nonadhesive cells.172

So far only few studies have looked at the effect of intermediate
filaments or microtubules on contraction of actin-myosin networks.
The addition of a vimentin network that interpenetrates an actin net-
work has been shown to promote myosin-driven contraction by
increasing the network connectivity.138 Similarly, also the addition of
microtubules has been shown to promote uniform macroscopic
myosin-driven contraction.173

IV. FRONT-REAR POLARIZATION
A. Live-cell studies

1. Crosstalk between actin and microtubules governs
cell polarization in migration

Directed cell migration requires the breaking of cell symmetry to
generate a cell front and a cell rear along an axis aligned with the direc-
tion of locomotion. Until now, the role of cytoskeletal crosstalk in
front-rear polarity has mostly been studied in the context of 2D
mesenchymal cell migration.174 It is long known that the microtubule
cytoskeleton is essential for maintaining a polarized distribution of
actin-based forces with actin polymerization in the front and myosin
II-based contraction forces in the cell body and rear.175 Microtubules
align along the axis of cell movement with their plus ends oriented
toward the leading edge. They appear to stimulate actin-driven cell
protrusion by multiple mechanisms. They activate Rac1 and inhibit
Rho, therefore promoting actin polymerization and preventing myo-
sin-II-driven contractility at the leading edge. Moreover, actin fila-
ments have been observed to grow directly from microtubule tips
toward the leading edge in growth cones of neurons, with the help of
protein complexes involving APC and CLIP-170.176,177 There is an
interesting actin/microtubule reciprocity, though, since the microtu-
bules require guidance along actin stress fibers to reach the leading
edge. This guidance requires actin-microtubule cross-linking, for
instance, by ACF7, Growth Arrest-Specific Proteins (Gas2L1), CLIP-
associating proteins (CLASPs), or drebrins (reviewed in Ref. 35).
These proteins target growing microtubule plus ends by binding to EB
(end-binding) proteins, and all of them except drebrin also possess a
microtubule-lattice-binding domain. When these crosslinkers are
depleted from cells, microtubules cease to grow along actin stress fibers
and the microtubule array loses its front-rear polarity.178,179 Persistent
cell migration is strongly hampered as a consequence, not only because
actin-based protrusions are misregulated, but also because microtu-
bules fail to reach cortical microtubule stabilizing complexes (CMSCs)
that surround focal adhesions.180 Microtubule dynamics have been
shown to regulate amoeboid cell migration by locally promoting the
retraction of protrusions. In migrating dendritic cells, microtubule
depolymerization within protrusions distant from the microtubule
organizing center triggers actomyosin contractility, which is controlled
by RhoA and its corresponding exchange factor Lfc.154 Tethering and
stabilization of microtubule plus ends by CMSC binding is required
for microtubule-dependent focal adhesion turnover, which is essential

for migration (reviewed in Ref. 38). It is not yet clear how these cross-
talk mechanisms are modified when cells perform 3D mesenchymal
migration, but likely the core mechanisms are shared. One important
new factor in 3D migration is that microtubules have a more impor-
tant mechanical role and are needed to support pseudopodia.81 A sec-
ond important new factor is that the rigidity of the nucleus hampers
migration through small pores. It was recently shown that microtu-
bules anchored to the nucleus play an important role in active trans-
port of MT1-MMP, which degrades the extracellular matrix, to the cell
surface where it drives extracellular matrix proteolysis in front of the
nucleus.181

2. Intermediate filaments contribute to cell polarization
via crosstalk with actin and microtubules

Although intermediate filaments lack intrinsic polarity, they do
contribute to directed mesenchymal migration.36 When the vimentin
network is disassembled using peptides or when vimentin expression
is knocked down, cells lose their polarity and lamellipodia appear all
around the cell.182 Vimentin forms closely associated parallel arrays
with microtubules in migrating cells.156,183 Experiments conducted
using vimentin-deficient mouse embryonic fibroblasts attached to
polarized and non-polarized protein micropatterns demonstrated that
the lack of vimentin alters microtubule organization, disrupting cell
polarity.184 The two cytoskeletal networks organize in an interdepen-
dent manner. The vimentin distribution is polarized by a collaboration
between active motor-driven transport along microtubules and actin-
driven retrograde flow.185 Conversely, since the vimentin network is
about 10-fold more long-lived than the microtubule network, it can
serve as a template for guiding microtubule growth along previous
microtubule tracks.156 This provides a feedback mechanism to sustain
front-rear polarity. Moreover, the alignment of the vimentin network
with the polarity axis mechanically integrates actin-based forces and
orients them to promote directional migration.186 This mechanical
integration is probably aided by vimentin-microtubule crosslinker pro-
teins such as plectin and APC.183 In addition to this mechanical role,
there is growing evidence for signaling functions of intermediate fila-
ments in cell migration (reviewed in Ref. 34). At the cell periphery,
there is for instance Rac-mediated crosstalk between vimentin and
actin, where Rac causes vimentin disassembly by controlling the phos-
phorylation of vimentin at Ser-38, a p21-activated kinase phosphoryla-
tion site, promoting actin-driven membrane protrusion.182

Intermediate filaments also regulate focal adhesion clustering and
turnover by binding integrins and via biochemical signaling.187

B. Cell-free reconstitution studies

1. Polarization crosstalk studies involving intermediate
filaments

Several studies have explored how interactions between two differ-
ent cytoskeletal filament types may contribute to the front-rear polarity
of migrating cells. These studies mostly used surface assays where one
or both cytoskeletal filaments were surface-anchored to facilitate imag-
ing and control the geometry of interaction. These assays allow to probe
the crosstalk involved in filament polymerization, an essential compo-
nent of cell polarization. Just a few of these studies investigated
the interplay of intermediate filaments with actin or microtubules.
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When surface-anchored microtubules are grown in the presence of an
entangled vimentin network, they were found to be stabilized against
depolymerization by direct interactions with vimentin filaments.133

Vimentin attachment reduced the catastrophe frequency and induced
rescue of depolymerizing microtubules. However, in the absence of
crosslinker proteins, these interactions were found to be short and
infrequent. It is likely that vimentin-microtubule crosslinkers such as
APC and plectin create more drastic effects on vimentin and microtu-
bule polymerization. Interestingly, the vimentin-binding region of
APC by itself was shown to promote vimentin polymerization,183

which may perhaps promote vimentin polymerization along microtu-
bules. It was recently shown that actin and vimentin filaments do not
interact in the absence of crosslinkers, but when an engineered plectin-
mimicking crosslinker was added, actin filaments polymerized along
surface-anchored vimentin filaments.141

2. Mutual regulation of polarization by actin
and microtubules

A larger set of studies investigated the interplay of microtubules
with different actin network structures designed to mimic structures
found at the front of crawling cells. Branched or densely entangled
actin network that mimic the dense actin array in the lamellipodium
were shown to act as a steric barier for microtubule growth.188–190

However, when microtubules were crosslinked to actin by Tau protein,
they were able to generate sufficient polymerization force to penetrate
dense actin barriers.190 In contrast, when actin was arranged in stiff
bundles that mimic actin stress fibers and bundles in filopodia, steric
interactions were instead found to promote alignment and growth of
microtubules along the actin bundles.188,190 Actin-microtule cross-
linking proteins such as ACF7, Gas2L1, or CLASP2 were shown to
promote actin-guided microtubule growth by allowing growing
microtubules to be captured by and zippered along the actin
bundles.140,188,190–193 Conversely, microtubules can also influence actin
polymerization. Microtubule-lattice binding crosslinkers can induce
guided polymerization of actin filaments along microtubules.192,194

Microtubule-tip binding crosslinkers can induce active transport of
actin filaments by the growing microtubule tip.140,195 Computer simula-
tions and theoretical modeling showed that this transport is driven by
the affinity of the cross-linker for the chemically distinct microtubule
tip region.195 These interactions may potentially enable growing micro-
tubules to relocate newly nucleated actin filaments to the leading edge
of the cell and thus boost migration. Altogether, these studies suggest
that coupled polarization of the three cytoskeletal filament systems can
at least partly be understood on the basis of a mechanical interplay.

V. COLLECTIVE MIGRATION AND INTERCELLULAR
ADHESIONS
A. Live-cell studies

1. Intercellular adhesions establish mechanical coupling
among cells during collective migration

Many cell types have the ability to synchronize their movement
and perform collective migration. Collective migration is important for
organogenesis and wound healing but also contributes to cancer
metastasis. Depending on cell type and tissue context, different modes
of collective migration can emerge. Epithelial cells tend to move as
sheets adhered to the extracellular matrix,196 while cancer cells often

migrate as three-dimensional strands or clusters through tissues.197

Remarkably, multi-cellular migrating structures behave similarly to liq-
uid crystalline materials and undergo solid-to-liquid transitions in
response to confinement. These jamming/unjamming transitions are
linked to cell and nucleus shapes198,199 and are determined by molecu-
lar interactions that regulate cell–matrix and cell–cell adhesions.200–202

Traction force measurements for epithelial and endothelial monolayers
have shown that cells within the monolayer tend to migrate in the
direction in which the normal stress is greatest and the shear stress
least.203 This mechanism of collective cell guidance called plithotaxis
critically relies on mechanical coupling between the cells by cell–cell
adhesions. Plithotaxis is regulated by the tumor suppressor protein
merlin, which coordinates polarized Rac1 activation and lamellipo-
dium formation at the multicellular scale.204 We speculate that, since
Rac1 is an important shared regulator of all three cytoskeletal systems,
there could be crosstalk with intermediate filaments and microtubules
in plithotaxis. At the same time, intercellular adhesions help collec-
tively migrating cells to establish supracellular polarization with leader
cells at the front and follower cells behind.205 The leader cells explore
the tissue environment using focal adhesions, find the path, and—if
necessary—carve out a path by degrading the ECM. Cancer cells
dynamically rearrange leader and follower positions during collective
invasion to cope with the large energy usage of the leader cells.206

Epithelial and endothelial cells interact through mechanosensitive
adherens junctions based on classical cadherins and VE-cadherins,
respectively, which connect to the actin cytoskeleton via a-catenin
and vinculin.205,207 Endothelial cells are additionally connected by
complexus adhaerentes junctions that connect to vimentin via VE-
cadherin.208 Epithelial cells are additionally connected by desmosomes
based on desmosomal cadherins that connect to the keratin intermedi-
ate filament cytoskeleton via the adaptor proteins desmoplakin, plako-
philin, and plakoglobin.207,209,210 The desmosomal junctions are
expendable under homeostatic conditions but strictly required for pre-
serving cell–cell adhesion under mechanical stress.211 As reviewed else-
where,34,212 there is growing evidence that cytoskeletal crosstalk is
important for the organization, dynamics and mechanoresponsiveness
of intercellular adhesions during multicellular migration, although the
exact extent is not clear.

2. Cytoskeletal crosstalk mediates intercellular
adhesion dynamics

Keratin intermediate filaments and actin jointly influence desmo-
somes and adherens junctions because they are crosslinked via plectin.
In epithelia, plectin organizes keratin into a rim-and-spoke configura-
tion where contractile forces generated by acto-myosin are balanced
by compressive elements provided by the keratin network, thus balanc-
ing internal tension and stabilizing cell–cell contacts.86 Deletion of
plectin therefore causes perturbations of both desmosomes and adhe-
rens junctions. Although endothelial cells do not have desmosomes,
also here plectin-mediated cross-linking between F-actin and vimentin
intermediate filaments regulates adherens junction strength and tissue
integrity.213 Migrating epithelial cells need to dynamically rearrange
their adhesive contacts. Desmosome remodeling is dependent on both
actin and keratin. Assembly of desmosomes at the leading edge and
subsequent transport to the lateral sides is mediated through extensive
actin remodeling, while more matured desmosomes are guided via ker-
atins to the cell center to eventually disassemble.214 Intermediate

Biophysics Reviews REVIEW pubs.aip.org/aip/bpr

Biophysics Rev. 5, 021307 (2024); doi: 10.1063/5.0198119 5, 021307-8

VC Author(s) 2024

 17 June 2024 13:56:22

pubs.aip.org/aip/bpr


filaments have an important mechanical role in distributing actin-
myosin based forces, similar to their role in single-cell migration.
Collective movement of both embryonic cells and astrocytes with
proper leader-follower dynamics was shown to be highly dependent
on this mechanical synergy of actin and intermediate filaments.215,216

3D tumor cultures of ex vivo breast cancer demonstrated heterotypic
keratin expression between leader and follower cells,217 which was
speculated to be necessary to regulate individual cytoplasmic viscoelas-
ticity and mechanical coupling through desmosome anchoring during
collective invasion.218 Invasion assays of epithelial cancers with manip-
ulated keratin expressions also indicate that keratin expression can reg-
ulate migration mode; keratin-14-positive cells are leaders of migrating
strands in organoid carcinoma assays, while keratin-8 and keratin-18
depletion can shift migration from individual to collective.217,219

Interestingly, keratins can also organize asymmetrically in migrating
cells and localize in lamellipodia to support polarization and invasive
phenotype, which is mediated by actin filaments.220

There is ample evidence that microtubule-actin crosstalk affects
adherens junctions via mechanisms similar to those observed for focal
adhesions. Adherens junctions contain multiple proteins that bind
microtubule plus ends, including APC, ACF7, and CLASP.221,222 This
allows microtubules to promote myosin II activation and local concen-
tration of cadherin molecules223 and facilitates trafficking of junctional
components to the cell surface.224,225 At the same time, microtubules
promote junctional actin assembly by promoting liquid-liquid-phase
separation of the actin nucleator cordon bleu (Cobl).226 During collec-
tive migration in vivo, it was found that cell–cell contacts differed in
their requirement for dynamic microtubules along the leader-follower
axis.227 Cells of the leading domain remained cohesive in the absence
of dynamic microtubules, whereas dynamic microtubules were essen-
tial for the conversion of leader cells to epithelial followers.
Interestingly, it was recently shown that physical confinement of col-
lectively migrating cancer cells can induce the dissociation of leader
cells by actin-microtubule crosstalk.228 Confinement-induced microtu-
bule destabilization releases and activates GEF-H1, which promotes
RhoA activation and results in leader cell detachment.

B. Cell-free reconstitution studies

Interactions between cytoskeletal filaments and cell–cell adhesion
complexes are relatively unexplored in reconstituted systems.
Adherens junctions are based on transmembrane cadherin adhesion
receptors. The extracellular domains of cadherins on adjacent cells
form adhesions by homodimerization. The cytosolic domains of cad-
herins bind b-catenin, which in turn binds a-catenin.229 Biochemical
studies showed that actin filaments do not bind directly to cadherins,
but are tethered indirectly via a-catenin.230,231 In solution, a-catenin
does not interact with actin filaments and the cadherin-b-catenin com-
plex simultaneously.232 However, under tension a-catenin stably con-
nects the cadherin-catenin complex to actin filaments via a
directionally asymmetric catch bond.233,234 This mechanosensitivity
implies directional regulation of cell–cell adhesion in response to ten-
sion, which may connect to cooperative phenomena such as (un)jam-
ming and plithotaxis mentioned above. Biochemical studies have
shown that a-catenin influences the organization of junctional actin
both directly, by inhibiting barbed-end growth, and indirectly, by
interactions with various actin-binding proteins including Arp2/3.235

With the complexity of cadherin–actin interactions starting to become

uncovered, it will be interesting to study how crosstalk with microtu-
bules may further regulate adherens junctions. Recently, a first study
in this direction was able to reconstitute the effect of microtubules on
junctional actin nucleation, as was described above in live-cell
studies.226 When dynamic microtubules were incubated together with
G-actin and Cobl, actin filaments were found to be nucleated via Cobl
condensates from both the tips and lattice of microtubules.

Regarding desmosomes, so far there have been mainly biochemi-
cal and structural studies, but few cell-free biophysical studies.
Biochemical studies of the desmosomal cadherins showed that they
form cell–cell connections via heterodimerization of the extracellular
domains of desmogleins and desmocollins.236 Single-molecule force
spectroscopy by AFM showed that the binding force is 30–40 pN.237

The cytoplasmic domains of desmosomal cadherins bind plakoglobin
and plakophilins, an interaction that has also been reconstituted.238

Plakoglobin and plakophilins in turn bind to desmoplakin,239 which
finally binds keratins. Biochemical and structural studies showed that
desmoplakin interacts via its C-terminus with the rod domain of kera-
tin.240,241 To the best of our knowledge, there are no cell-free studies
addressing cytoskeletal crosstalk with desmosomes.

VI. PLASTICITY OF CELL MIGRATION
A. Live-cell studies

1. Cellular plasticity is mediated through focal
adhesions

Most terminally differentiated cells such as epithelial and stromal
cells migrate only during morphogenesis. However, tissue injury can
induce cell plasticity. Mature cells can reenter the cell cycle and change
their phenotype guided by paligenosis programs.242 Unfortunately, plas-
ticity can also contribute to disease. For instance, malignant cancer cells
are often hyperplastic, contributing to their invasiveness. A well-studied
example of cell plasticity is epithelial-mesenchymal transition (EMT), a
reversible process in which epithelial cells lose polarity through cytoskele-
tal remodeling, individualize and gain motility. EMT is a critical process
in embryonic development and wound healing, but it also plays a key
role in fibrosis and cancer invasion. EMT and the reverse mesenchymal-
epithelial transition (MET) are influenced not only by biochemical cues,
but also by mechanical properties of the ECM.243,244

Cells sense the mechanical properties of the ECM through their
acto-myosin cytoskeleton at focal adhesions, mediating mechanotrans-
duction and activating downstream plasticity mechanisms in response
to environmental changes. Focal adhesions are based on integrin adhe-
sion receptors that interact with the ECM through their extracellular
domains and with the actin cytoskeleton through their cytoplasmic
tails.245 The actin-integrin connection is mediated through talin and
kindlin (reviewed in Ref. 246). Single integrins form small and tran-
sient junctions, but mechanical stimulation reinforces integrin adhe-
sions by causing maturation into large focal adhesions. Upon
mechanical stimulation, talin and kindlin undergo conformational
changes that expose cryptic binding sites for additional cytoskeletal
and signaling proteins.245 Mechanical stimulation further reinforces
focal adhesions by inducing actin polymerization.247 Variations in the
biochemical composition and physical properties of the ECM can elicit
different 3D cell migration modes characterized by different amounts
of cell-ECM adhesion.143,248 Highly crosslinked and dense matrices
elicit lobopodial migration, characterized by a high number of focal
adhesions and high actomyosin contractility. Less dense, fibrous

Biophysics Reviews REVIEW pubs.aip.org/aip/bpr

Biophysics Rev. 5, 021307 (2024); doi: 10.1063/5.0198119 5, 021307-9

VC Author(s) 2024

 17 June 2024 13:56:22

pubs.aip.org/aip/bpr


environments elicit mesenchymal migration with a characteristic
front-to-rear gradient of focal adhesions. In low-confining areas that
lack adhesion sites, cells depend on bleb formation to drive themselves
forward, a mechanism that does not require focal adhesions.143

Not much is known about the role of cytoskeletal crosstalk in
migration plasticity. Microtubules are likely involved through their
feedback interactions with actin near focal adhesions. It was recently
shown that higher substrate rigidity promotes microtubule acetylation
through the recruitment of a-tubulin acetyltransferase (a TAT) to focal
adhesions by talin.42 In turn, microtubule acetylation tunes the mecha-
nosensitivity of focal adhesions by promoting the release of GEF-H1
from microtubules to activate RhoA and thereby promote actomyosin
contractility.42 In breast cancer cells, actin-microtubule crosstalk near
focal adhesions via the scaffolding protein IQGAP1 was demonstrated
to promote invasion in wound healing and transwell assays.249 In
fibrosarcoma cells, the microtubule-destabilizing protein stathmin was
shown to influence migration mode switching.250 Increased stathmin
activity, and as a result less stable microtubule networks, promoted
amoeboid-like migration, while phosphorylation of stathmin led to a
more elongated migratory phenotype. In addition to crosstalk near
focal adhesions, microtubules can also influence migration mode
switching through mechanical effects. In confined or compressed cells,
microtubules are stabilized through CLASP2 localization to the lattice,
providing a mechanosensitive pathways for cells to adapt to highly
constricting environments.80

2. Control of migration modes by cytoskeletal crosstalk
at focal adhesions

The intermediate filament protein vimentin is considered a key
cellular plasticity regulator and marker of tumor cell malignancy, espe-
cially based on its general upregulation in EMT and in motile cancer
cells.251 Carcinoma cells in addition express integrin a6b4, which
recruits vimentin to focal adhesions through its binding to plectin, pro-
moting a 3D invasive phenotype switch.252 Together with nuclear lam-
ins, vimentin contributes to migration plasticity through regulation of
nuclear deformation, for instance allowing for a transition toward
amoeboid-like and faster migration in Hela cells and melanoma cells
when encountering confinement.33,253 Moreover, cells migrating under
high confinement use their nucleus as a piston to squeeze through
small pores. This complicated pulling mechanism is regulated through
crosstalk between the vimentin cage around the nucleus and actomyo-
sin in front of the nucleus.146

B. Cell-free reconstitution studies

Understanding the molecular basis of migration plasticity is an
enormous challenge since integrin-based matrix adhesions contain
over 100 types of molecules that are potentially mechanosensitive.254

One of the first mechanotransduction events during adhesion matura-
tion is stretching of talin, followed by vinculin binding and activation.
This core process was elegantly reconstituted by overlaying a network
of actin-myosin bundles mimicking stress fibers on a talin-
micropatterned surface.255 It was shown that direct binding of the
contractile actin-myosin network to talin was sufficient to stretch the
protein and induce the association and activation of vinculin. Talin
binding facilitates vinculin activation by allosterically weakening the
head–tail interaction that keeps it in an auto-inhibited

conformation.256 Exposure of the actin-binding tail induces a positive
feedback that reinforces the connection with actin.255 Using the same
assay, it was shown that activated vinculin can interact with Arp2/3
complex-mediated branched actin networks and modify their organi-
zation by cross-linking actin filaments into bundles.257 This is likely an
important step toward focal adhesion maturation. Single-molecule
studies showed that vinculin forms a directionally asymmetric catch
bond with F-actin.258 In this way, vinculin can organize the polarity of
the actin cytoskeleton and contribute to front-rear asymmetry in
migrating cells. Recently, the interaction of integrins, talin and kindlin,
another major focal adhesion regulator, was reconstituted on giant
unilamellar vesicles.259 It was shown that phosphoinositide-rich mem-
branes recruit talin and kindlin, which then cause the formation of
large integrin clusters that can recruit actin-myosin. Another study
showed that membrane-bound talin can also activate vinculin and the
two proteins together can link actin to the membrane.260

Cell-free reconstitution studies suggest that the actin cytoskeleton
itself also contains proteins that mediate mechanotransduction. An
example is filamin A (FLNA), a large multi-domain scaffolding protein
that cross-links actin filaments and binds numerous proteins via cryp-
tic binding sites along its length. Using reconstituted actin networks
crosslinked with FLNA, it was shown that mechanical strain on the
FLNA crosslinks alters its binding affinity for its binding partners.261

Both externally imposed bulk shear and contraction by myosin-II
increased binding of the cytoplasmic tail of b-integrin while it weak-
ened binding of FilGAP, a GTPase that inactivates Rac. Mechanical
strain on FLNA can thus stabilize extracellular matrix binding and at
the same time influence actin dynamics through Rac activity.

VII. THE ROAD AHEAD

Cytoskeletal crosstalk is increasingly recognized as a major deter-
minant of cell migration. Coupling among the actin, microtubule, and
intermediate filament cytoskeleton influences cell migration by
regulating cell deformability, contractility, front-rear polarity, and
migration plasticity. Coupling of filaments through entanglements,
cross-linking, and bundling regulates a variety of mechanisms that
mediate cellular mechanics and cytoskeletal dynamics involved in
these migration strategies (Fig. 3). To complicate matters, there is
growing evidence that a fourth cytoskeletal protein family, the septins,
also strongly impacts cell migration. Septins are well-equipped to
mediate cytoskeletal crosstalk since they can bind to the cell mem-
brane, actin and microtubules.262 Recent research demonstrated roles
of septins in mesenchymal and amoeboid single-cell migration263,264

and in the regulation of endothelial and epithelial cell–cell adhe-
sion.265,266 Elucidating the biophysical mechanisms by which cytoskel-
etal crosstalk regulates cell migration is challenging due to the
enormous molecular complexity of the cell and feedback between
mechanical forces and biochemical signaling. Cell-free reconstitution
provides a valuable complement to live-cell studies because it simplifies
the challenge of separating biochemical and physical contributions to
cytoskeletal crosstalk. We note that caution should be used when
translating findings regarding cytoskeletal crosstalk from bottom-up
studies to cells. Cell-free model systems present a highly simplified
environment in terms of molecular complexity, crowding, ionic condi-
tions, spatial heterogeneities, mechanical conditions, etc. Cytoskeletal
interactions or mechanical effects observed in a cell-free system do not
necessarily occur (in the same way) in the cellular environment. The
power of cell-free studies is to develop and test hypotheses regarding
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possible interactions and their biophysical impact under well-
controlled conditions. Using cell-based studies, one can then test how
these findings carry over to the cellular environment. Clearly, there still
remains an enormous gap between the complexity of cells and the sim-
plicity of reconstituted systems. How can this gap be bridged?

We propose different routes to bridge this gap (Fig. 4). One obvi-
ous direction to bridge this gap is to enhance the complexity of cell-
free assays. Simple assays combining cytoskeletal filaments without
any accessory proteins showed that steric interactions alone suffice to
give rise to nonlinear stiffening and enhanced compressive strength.
There is some evidence that intermediate filaments directly interact
with actin filaments and microtubules via electrostatic interac-
tions,132,133 but this could be an artifact of in vitro conditions. Single-
molecule measurements of filament interactions within cells or cell
lysates could shed light on this issue. An important next step to bridge
the gap to the cell is to incorporate accessory proteins that mediate
cytoskeletal coupling. Several studies have shown that cross-linking via
cytolinkers is sufficient to give rise to cytoskeletal filament co-
alignment and mechanical synergy (e.g., Refs. 140 and 141). More
detailed investigations of the effects of cytolinkers, both in vitro and in
cells, will be important to delineate their roles in cytoskeletal co-
organization, mechanical synergy, and mechanotransduction. In the
cell, cytoskeletal crosstalk is guided by geometrical constraints pro-
vided by the cell membrane. The membrane organizes the cytoskeleton
through spatial confinement and by providing adhesion sites where
cytoskeletal filaments are nucleated or anchored. Reconstitution
experiments have begun to recapitulate these constraints by encapsu-
lating cytoskeletal proteins inside cell-sized emulsion droplets or lipid
vesicles, including actin/microtubule and actin/keratin compo-
sites.128,267 These model systems could form a basis for reconstituting
synthetic cells capable of migration. Adhesion-independent migration
is probably easiest to reconstitute. Flow-driven confined migration was
recently reconstituted, although based on a cell extract, so the minimal
set of ingredients is not yet known.172 It will be interesting to

incorporate microtubules and/or intermediate filaments in this assay
to control cell polarity and mechanics. Mesenchymal migration is
likely more challenging to reconstitute because it requires coordinated
actin polymerization, contraction, and cell-matrix adhesion. Motility
driven by actin polymerization has been successfully reconstituted on
the outer surface of lipid vesicles (reviewed in Ref. 268), but motility of
vesicles with actin polymerization inside will require substrate adhe-
sion. Surface micropatterning provides an interesting approach to
impose polarized shapes to synthetic cells by forcing them to adapt to
the pattern shape and size.269 In addition, one can use light-induced
dimerization to induce spatial patterning and symmetry breaking of
cytoskeletal networks. Light-inducible dimers (LIDs) come from pho-
toactivatable systems naturally occurring in plants and allow for
reversible photoactivation.270 Recently, it was, for instance, shown that
microtubule-interacting proteins fused to optochemical dimerization
domains can be used to drive symmetry breaking of microtubule net-
works inside emulsion droplets.271

The opposite direction to bridge the gap between live-cell and cell-
free studies is to tame the complexity of living cells. Some of the same
techniques that can provide more control over cell-free systems can also
provide control over the behavior of living cells. Surface micropattern-
ing, for instance, allows one to confine cells to adhesive islands with pre-
cisely controlled geometries, forcing the cells to adopt prescribed shape
and corresponding cytoskeletal organizations. Imaging many cells
adhered on the same type of pattern greatly facilitates quantification of
cytoskeletal crosstalk.184 Moreover, micropatterning can be used to
investigate how cytoskeletal interactions affect single-cell and collective
cell migration dynamics.272 Light-inducible dimerization can be used to
manipulate cytoskeletal interactions with high spatial and temporal con-
trol. It was, for instance, recently shown that F-actin can be crosslinked
to microtubule plus ends by transfecting cells with an iLID-tagged EB-
binding SxIP peptide and SspB-tagged actin-binding domains.273 This
could be an interesting tool to systematically study the crosstalk of
microtubules with actin and intermediate filaments that takes place near

FIG. 3. Schematic of the two general cytoskeletal crosstalk mechanisms and their effect on cytoskeletal biophysics. Entanglements and crosslinks regulate stress stiffening,
compressive reinforcement, force distribution and slower stress relaxation. Bundling regulates coupled polymerization and nucleation, guidance and co-alignment, and tip-
mediated transport of filaments. Actin (magenta), microtubules (green), intermediate filaments (cyan), and crosslinkers (pink).
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cell adhesions. Finally, molecular tension sensors provide a very interest-
ing tool to selectively interrogate mechanical interactions between cyto-
skeletal networks. Tension sensors consist of two fluorescent proteins
separated by a peptide with a calibrated mechanical compliance. Under
strain, the fluorescent proteins are separated, decreasing fluorescence
energy transfer (FRET) between them. By embedding a tension sensor
in the actin crosslinker FLNA, it was recently shown that molecular
tension can be measured within the actin cytoskeleton.274 It will be inter-
esting to use a similar approach to measure tension within the interme-
diate filament cytoskeleton and test force transmission between the actin
and intermediate filament cytoskeleton.
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