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A B S T R A C T   

Detected kidney stone cases are increasing globally, yet knowledge on the conditions for stone formation is 
lacking. Experimental approaches mimicking the micro-environmental conditions present in vivo can help sci-
entists untangle intertwined physiochemical and biological phenomena leading to kidney stone formation. As 
crystal nucleation often initiates at liquid-solid interfaces, the interface morphology plays a significant role in the 
rate of nucleation. Within the nephron, the functional unit of the kidney, four segments can be distinguished that 
contain different surface morphologies. Particularly, the cells lining these segments contain protrusions in the 
shape of nanopillars that vary in length, diameter and spacing. Exploiting the opportunities provided by organ- 
on-a-chip technology, we designed and manufactured a proof-of-principle microfluidic device proposed to in-
crease our understanding of the relation between kidney surface morphology and kidney stone crystallization. 
We used two-photon polymerization to fabricate biocompatible surfaces that mimic the nephron morphologies 
with materials properties similar to those of biological structures. The fabricated cilia were incorporated in the 
microfluidic device, which was designed to observe in vitro crystallization of calcium oxalate under flow.   

1. Introduction 

Kidney stone disease has an increasing prevalence world-wide [1] 
and costs the private sector about five billion dollars annually [2]. The 
disease has plagued humanity for several millennia [3,4] and a great 
deal of knowledge on stone growth has been acquired by biopsies and 
examination of removed stones. Yet this approach provides only infor-
mation after the stone was formed. Consequently, the exact mechanisms 
that drive stone formation, particularly for most commonly encountered 
calcium oxalate stones are still lacking. The lack of experimental 
instrumentation mimicking the kidney’s micro-environmental condi-
tions in vivo, has only recently been filled by the emergence of micro-
fluidics and organ-on-a-chip technologies. These technologies provide 
us an opportunity to study the formation of kidney stones in vitro. A 
recent study has tried to capture some of the physiological conditions of 
the kidney in a biomimetic model in order to study the crystallization of 
calcium oxalate (CaOx) [5]. In that study, Laffite et al. proposed a 
microfluidic channel with dimensions matching the collecting duct of 
the human kidney, using physiological concentrations and flow rates. 
Crystallization is however a stochastic process influenced by thermo-
dynamics and kinetic factors, amongst which the surface characteristics 

of the solid-liquid interface plays a critical role [6]. Similarly, a recent 
study showed that the surface morphology of the interface can promote 
or hinder nucleation of crystals [7]. Within the nephron, the functional 
unit of the kidney, four separate segments can be distinguished that 
contain different surface morphologies: the proximal convoluted tubule 
(PCT), the thin segments of the Loop of Henle (LoH), the distal convo-
luted tubule (DCT) and the collecting duct (CD). Particularly, the cells 
lining these segments contain micro-projections called microvilli and 
cilia, shaped as nanopillars that vary in diameter (d), height (h) and 
spacing (s). The relation between nephron surface morphology and 
kidney stone formation has to our knowledge not yet been studied, 
although rough surfaces can induce heterogeneous crystallization in 
general [8,9]. Further, studies have related increased kidney stone 
crystal attachment to cell surface morphology and cell health [10,11]. 
Though there are multiple pathways where local supersaturation can 
initialize kidney stone nucleation and subsequent grown in the complex 
solution chemistry of urine [12–14], by isolating different physical and 
chemical properties of the nephron a better understanding of some of 
these pathways can be developed. For example Randall’s plaque in the 
LoH can initiate crystal formation, what then is the role of the micro-
structure of downstream segments in crystal growth and consolidation? 
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Alternatively, how does surface morphology affect local flow patterns 
and thus free solution crystallization? 

Here we propose an approach to fabricate polymer nanopillar arrays, 
using two-photon polymerization (2PP), in order to mimic the surface 
morphology of the different nephron segments. Such pillars which 
mimic the nephron morphology may induce heterogeneous nucleation, 
leading to more kidney stones. This fabrication method can encompass 
the large dimensional variety that micro-projections possess and does 
not involve complicated fabrication steps. Multiple channels with 
different micro-structures and smooth channels can be printed on the 
same device, allowing comparison, statistical studies, and isolation of 
specific micro-structures. 2PP exploits the non-linear dependency of a 
material’s two-photon absorption rate on the incident light intensity 
[15]. This causes the polymerization to occur only within a very small, 
central region surrounding the focal point [16,17]. By directing this 
region along a 3D path through photoresin, the technique can be used 
for 3D direct laser writing. The photoresin used is an acrylate based 
polymer with similar mechanical properties to the kidney micro- 

projections: an elastic modulus of ~2 GPa [17] compared to ~1 GPa 
of actin, and a flexural modulus of ~0.3 GPa (supplementary informa-
tion) compared to the ~0.1 GPa of microvillum [18–21]. 

1.1. Renal micro-projections: cilia and microvilli 

Renal microvilli typically are about 80 nm in diameter [22] and 1–2 
μm in height [23] for a well-developed brush border. The spacing be-
tween microvilli varies with the flow rate in the tubule, and is about 75 
to 130 nm in the brush border [24,25]. Microvilli can also appear as 
small bumps on the cell surface [26] having a relatively short length of 
500 nm or less [27]. The cilium is much larger, having a diameter of 
about 250 nm [22] and a height of 2–10 μm [23,28]. The Young’s 
modulus of both the microvillus and cilium has been measured to be in 
the order of about 1 GPa while the flexural modulus is approximately 
0.1 GPa [18–21]. The dimensions of the cilia and microvilli are sum-
marized in Table 1. 

The micro-projections found on the cell membranes in the different 
segments of the nephron were approximated as nanopillars with the 
above characteristic dimensions. To mimic these micro-projections 
using 2PP, we first tested the mechanical properties of the photoresin 
using micro-mechanical testing to ensure the flexural modulus re-
sembles that of the microvilli and cilia. We then aimed to write nano-
pillars with i) d = 80 nm, h = 1 μm, s = 120 nm, and ii) d = 250 nm, h =
8 μm, s = 8000 nm, representing the microvilli and cilia respectively in 
terms of geometry. Then, using standard soft lithography, a proof-of- 
principle microfluidic organ-on-a-chip was fabricated, into which the 
written nanopillars were incorporated and finally used to crystallize 
CaOx. 

Table 1 
Renal micro-projection typical dimensions where d is the diameter, h is the 
height, s is the spacing between micro-projections.  

Segment Type of protrusion d [nm] h [μm] s [nm] 

PCT brush border of 
microvilli [22] 

80 [22] 1–2 [23] 75–130 [24,25] 

LoH none [22] – – – 
DCT sparse microvilli [22] 80 [22] <0.5 

[26,27] 
varying 
[26,29,30] 

CD primary cilium [22] 250 
[22] 

2–10 
[23,28] 

≈ 8′000 [31,32] 

CD brush border of 
microvilli [22] 

80 [22] <0.5 
[26,27] 

75–130 [24,25]  

Fig. 1. Fabrication steps of the microfluidic device (top). Schematic of microfluidic device (bottom).  
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2. Experimental 

2.1. 2PP fabrication 

Nanopillars were fabricated with the Photonic Professional GT 
(Nanoscribe GmbH) in both conventional and dip-in mode with an 
objective lens of 63× magnification and numerical aperture of 1.4. First, 
a glass coverslip (Menzel-Gläser) with diameter 30 mm and thickness 
0.17 mm +/− 0.01 mm was rinsed with acetone (Merck KGaA) and 
wiped with a soft cloth. The coverslip was then rinsed with 2-propanol 
(IPA, Honeywell Riedel-de-Haën) and again wiped with a soft cloth. 
The coverslip was placed on the sample holder and fastened with ad-
hesive tape (Nanoscribe GmbH). On the bottom of the coverslip a 
droplet of immersion oil (lmmersol 518 F, Zeiss) was placed, and on the 
top a droplet of negative tone photo-resist IP-L 780 (Nanoscribe GmbH) 
for conventional mode operation. For dip-in mode, a droplet of IP-Dip 
(Nanoscribe GmbH) was placed on the bottom of the coverslip alone. 
A customized script was used to write pillar arrays layer-by-layer with 
different laser power for each layer along the axis of the pillars. By 
changing the laser power throughout the length of a pillar, the shape of 
that pillar could be manipulated. Both laser power and scan speed were 
varied to optimize for the correct nanopillar size. Further, since the 
specified resolution limit of the tool is 200 nm in the x-y plane, to 
achieve a pillar diameter of 100 nm the designed pillars were undersized 
to a diameter of 10 nm and over-dosed by adjusting the laser power and 
scan speed accordingly to the target size. This means the pillar diameter 
is adjusted not by moving the voxel in space, but by using high laser 
power to cause voxel growth [33]. Similar resolution structures have 
been fabricated by using custom photoresins [34,35] and oxygen scav-
enging additives [36,37]. Nanopillars were also written with multiple 
passes over the same volume to better control local laser heating and 
subsequently the polymerization process. Finally, scanning with galvo 
mirror, where the writing direction is generally swept in the x-y plane, 
versus moving the piezo stage in the z writing direction was compared. 

After writing, the coverslip was placed in a custom-made holder and 
immersed for 25 min in propylene glycol monomethyl ether acetate 
(PGMEA, Sigma-Aldrich) for development, followed by an immersion 
for 5 min in IPA for rinsing. A critical point dryer (Emitech K850) was 
used to circumvent surface tension when drying the developed structure 
after removing from IPA. The capillary forces caused by the surface 
tension of the rinsing liquid during air-drying would have caused the 
pillars to collapse otherwise. 

Finally, test structures of singly clamped beams of length 45 μm, 
width 5 μm, and height 5 μm were fabricated from IP-Dip and the 
flexural modulus of the material measured using a micro-mechanical 
testing tool (FT-NMT03, FemtoTools AG). The details of these mea-
surements are provided in Supplementary Information. 

2.2. Characterization 

To inspect and measure the dimensions of the written pillars, the 
coverslip with the structures was sputter coated (SC7620, Quorum 
Technologies) with a 6 nm layer of gold/palladium (Au/Pd) and imaged 
in a scanning electron microscope (SEM, Jeol JSM-6010LA) using a 45◦

sample holder. Measurements were made to calculate the mean diam-
eter and its standard deviation (SD) using image analysis software 
(ImageJ). In this paper, SD is indicated with a ± value. The spacing in 
between two pillars was calculated using the predetermined center-to- 
center spacing and the measured mean diameter. 

2.3. Manufacturing the microfluidic device 

The fabrication steps of the microfluidic device are summarized in 
Fig. 1. High-resolution 3D printing (Envision TEC Micro Plus Hi-res) was 
used to fabricate a mold master from photo-curable resin (HTM140, 
Envision TEC). The mold master contained the negative versions of eight 
100 μm high and 150 μm wide microchannels. After printing, the mold 
was immersed in IPA to remove uncured HTM140 and subsequently UV 

Fig. 2. SEM images of the written nanopillar samples on a 45◦ sample holder, showing a) minimum pillar diameter of 145 nm ± 4 nm (with height of 692 ± 8 nm and 
spacing of 355 ± 4 nm), b) minimum pillar-to-pillar spacing of 157 nm ± 8 nm (with height of 692 ± 8 nm and diameter of 243 ± 8 nm), c) pillar arrays without post- 
processing using critical point drying showing pillar collapse due to surface tension forces during drying. Scale bars are in: a) 0.5 μm, b) 1 μm, c) 5 μm. 
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cured (Photopol Curing Unit). 
Polydimethylsiloxane (PDMS) elastomer and curing agent (Sylgard 

184, Dow Corning) were mixed in a 10:1 ratio, poured in the mold and 
cured at 70 ◦C for 1 h. After curing, the PDMS was cut loose with a 
scalpel around the edges of the master and peeled out. Holes for the 
inlets and outlets were punched with a 23G blunt-end needle. 

The chip was assembled under cleanroom conditions by combining 
the PDMS component with a glass coverslip that features the nano-
pillars. PE-10 tubing was inserted in the inlets and outlets and the chip 
was placed in a custom-made chip holder. This chip holder consisted of a 
top and bottom part of laser cut transparent acrylate plates held together 
with four bolts and nuts (M5). With this holder we achieved reversible 
watertight sealing between the coverslip and PDMS. 

3. Results 

3.1. Nanopillar arrays 

The resolution limit of the 2PP fabrication tool is listed as 200 nm by 
the equipment manufacturer. We were able to reproducibly achieve 
pillar arrays with d = 145 ± 4 nm, h = 692 ± 8 nm, and periodicity =
500 nm (i.e. spacing s = 355 ± 4 nm) over an area of 20 μm × 20 μm 
(Fig. 2a). The optimum scanning speed and laser power were 3 mm/s 
and 7.5 mW, respectively. The smallest spacing was achieved by writing 
a nanopillar array with periodicity of 400 nm. This array contained 
nanopillars with d = 243 ± 8 nm, leading to s = 157 ± 8 nm, with the 
array measuring 24 μm × 24 μm, achieved with the same scanning speed 
and laser power as above (Fig. 2b). Both were accomplished using 
critical point drying to avoid pillar collapse due to capillary forces 
during drying of the development liquid. Without critical point drying, 
such dense arrays typically exhibit collapsing pillars, even after using 

low surface tension development solutions such as Novec 7000 Engi-
neered Fluid (Sigma-Aldrich, Fig. 2c). 

The maximum achieved aspect ratio was ~100, for pillars with d =
254 ± 17 nm and h = 25 μm which were written with a scanning speed 
of 3 mm/s and a laser power of 8 mW (Fig. 3a). Again, pillar arrays 
underwent critical point drying after development. Without critical 
point drying, these larger-sized pillars collapsed to the substrate due to 
surface tension forces of the drying development liquid at the liquid-air 
interface (Fig. 3c). 

When we compare the dimensions of the renal micro-projections 
with the pillar dimensions we obtained using 2PP, we can clearly see 
that the primary cilium, located in the collecting duct of the nephron, 
has dimensions that can easily be reproduced using this technology. A 
nanopillar array was written with these dimensions to mimic the pri-
mary cilia (Fig. 3b). The pillars measured 251 nm ± 22 nm in diameter, 
7.5 μm ± 116 nm in height and were spaced at 8 μm. Therefore they 
mimic the renal cilia, both in terms of morphology and topography 
(shape and size). 2PP could not, however, be used to fabricate pillars in 
the small size range of microvilli. The obtained minimum diameter of 
145 nm ± 4 nm is almost twice the diameter of a microvillus (80 nm) and 
the obtained smallest spacing of 157 nm ± 8 nm only approaches the 
largest spacing we find for a brush border of microvilli (130 nm). The 
written nanopillar arrays approach but do not match the actual sizes of 
microvilli. Thus although the surface morphology can be mimicked to 
some extent, the biological structures are slightly smaller. 

Nevertheless, achieving nanopillar arrays with aspect ratios in excess 
of 100 with individual diameters of ~250 nm is a significant achieve-
ment in replicating the morphology and topography of biological envi-
ronments. As far as the authors are aware, 2PP is one of the only 
methods capable of achieving such high aspect ratio well-ordered free- 
standing polymer nanopillars. For replicating microvilli structures, 2PP 

Fig. 3. SEM images of the written nanopillar samples on a 45◦ sample holder, showing a) maximum aspect ratio of approximately 100, having a pillar diameter of 
254 nm ± 17 nm and a height of 25 μm; b) shows the pillar array that was written to mimic the primary cilium in the collecting duct. With a diameter of 251 nm ± 22 
nm, a height of 7.5 μm ± 116 nm, and spacing of 8 μm the written cilia do indeed mimic the renal cilia. c) Without critical point drying, the large nanopillars collapse 
to the substrate during drying due to surface tension forces. All scale bars are 10 μm. 
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is limited not only by optical contrast and diffraction [38] but also 
photochemical processes such as diffusion [39]. Feature sizes and, most 
importantly, gaps between features can only be systematically produced 
above 200 nm resolution. Further techniques using stimulated depletion 
[40] or photoresin radical quenching [41] might be ways to improve the 
size and resolution of such soft matter nano-arrays in a controlled 
manner. Alternatively, ablation methods such as focussed ion beam can 
thin down polymer filaments, with some preliminary results showing 
nanopillar arrays of ~150 nm width, ~150 nm spacing, and ~ 1 μm 
height. Since these results are at a preliminary stage, they are presented 
in the Supplementary Information to motivate further efforts in repro-
ducing microvilli topography. 

3.2. Microfluidic device 

The microfluidic chip consisted of a PDMS component with multiple 
microchannels closed off with a glass cover slip (Fig. 4a). The nanopillar 
arrays, written with 2PP on the glass cover slip, were encapsulated by 
the walls of the microchannels (Fig. 4b, c, and d). The width of those 
arrays was wider (400 μm) than the width of the microchannel (150 μm) 
to account for inaccurate positioning. To achieve a watertight seal the 
microfluidic chip was placed in a transparent chip holder. There was no 
leakage observed between the PDMS and glass up to a flow rate of 200 
μL/min for our channel dimensions given above, which is far above 
physiological flow rates of typically 1 μL/min [5]. As the surface tension 
during drying of the pillar arrays caused collapse, filling the chamber 
with fluid posed the same problem. When the channel was filled with 
water, the surface tension pushed down the pillars. This was not the case 
when it was filled with ethanol, which can be explained by its much 

lower surface tension. The channel was, therefore, first filled with 
ethanol, then exchanged with water. This made sure the pillars 
remained upright when the channel was filled with water. However any 
bubble traveling through the microchannel introduces another liquid- 
gas phase boundary, where the surface tension again could affect the 
pillars (Fig. 4e). Therefore the microfluidic setup should be improved 
with bubble traps to eliminate the introduction of liquid-gas phase 
boundaries into the channel. 

For preliminary experiments and for demonstrating the basic func-
tionality, we used aqueous solutions of calcium chloride (CaCl2, 
CAS10043–52-4, ≥93.0%, Sigma-Aldrich) and sodium oxalate 
(Na2C2O4, CAS62–76-0, ≥99.5%, Sigma-Aldrich) dissolved in 50 mL of 
ultrapure water (Elga Purelab, resistivity: 18.2 MΩ⋅cm at 23.6 ◦C) in two 
separate beakers, at 8.0 mM concentration as precursors, and pumped 
through the microchannel at 1 μL/min for two hours using syringe 
pumps (Legato 111, KD Scientific) at the two separate inlets shown in 
Fig. 1 (bottom). Afterwards the chip was demounted, the crystals were 
examined in an SEM and the crystal phase was determined based on the 
shape. The majority of crystals was calcium oxalate monohydrate but 
also individual calcium oxalate di-hydrate crystals were spotted 
(Fig. 4h). This is an interesting observation as calcium oxalate mono-
hydrate is the more studied form in solubility studies [42] owing to its 
thermodynamic stability compared to calcium oxalate di-hydrate crys-
tals. The transparent device also enabled us to observe and image a 
particular microchannel during crystallization. With this, an induction 
time could be derived. When precursor concentrations were adjusted to 
mimic physiological concentrations, i.e. 12.0 mM and 0.40 mM for 
respectively calcium and oxalate precursors [5], we could see crystals 
forming in the microchannel starting at 165 s. The location of 

Fig. 4. a) The transparent microfluidic device containing eight microfluidic channels. b) One of the eight microfluidic channels with two inlets and one outlet. The 
red dotted square indicates the position of the nanopillar array. c) The array of printed cilia inside the microfluidic channel. d) Enlarged region of c) showing printed 
cilia in detail. e) An air bubble travels through the microchannel, with the walls remaining covered in ethanol. The red dotted line is drawn around the fluid to guide 
the eye. f) Therefore, pillars and the wall edge do not collapse and crystallization occurs around them, where the bright white points indicated by arrows are the 
pillars and the light grey area is crystallization of CaOx. g) Crystallization in nanopillar topography within a microfluidic channel under SEM inspection, scale bar =
10 μm. h) CaOx crystals formed in the device after two hours, using calcium and oxalate precursor solutions (8.0 mM) at a flow rate of 1 μL/min. Majority of the 
crystals is CaOx monohydrate, encircled an individual CaOx dihydrate crystal, scale bar = 5 μm. (For interpretation of the references to colour in this figure legend, 
the reader is referred to the web version of this article.) 
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crystallization was not in the middle of the channel, possibly due to 
roughness of the microchannel sidewalls or flow inconsistencies from 
the syringe pumps. These results were, however, too premature for any 
conclusion and are solely cited as a proof-of-principle. 

Nanopillar regions with cilia-type structures were generally found at 
the edges of the microfluidic channels due to the good wetting of ethanol 
in these regions (Fig. 4f). Crystallization was also observed in these re-
gions under SEM inspection (Fig. 4g), although pillar collapse was 
present. Pillar adhesion could be improved via substrate surface treat-
ments such as oxygen plasma, or by increasing the size of the nanopillar 
at the base. Finally, although critical point drying and rewetting of the 
microfluidics was necessary in these experiments for proof-of-principle 
and documenting microstructure integrity along the fabrication pro-
cess chain, it may be possible to avoid such surface tension collapse 
effects by keeping the developed microstructures in liquid and clamping 
them into the microfluidic channel, also in liquid. In this way, since the 
whole device is kept immersed, no liquid-air transitions occur, with less 
likelihood of microstructure collapse. Development liquid can then be 
steadily replaced by, for example, deionized water. 

4. Conclusions 

We presented a direct fabrication method to fabricate nanopillar 
arrays mimicking the morphology of surfaces of the cell membrane 
found in the human nephron. Using two-photon polymerization, we 
were able to write nanopillars with a minimum diameter of 145 nm ± 4 
nm, nanopillar arrays with a minimum spacing of 157 nm ± 8 nm and 
nanopillars with an aspect ratio of up to 100, having a diameter of 254 
nm ± 17 nm and a height of approximately 25 μm. With this we achieved 
printing of nanopillars that resemble the primary cilia found in the 
collecting duct of the human nephron. Also we have successfully inte-
grated the printed cilia into a microfluidic chip and crystallized CaOx on 
that chip. The integration of a microfluidic chip with two-photon 
polymerization produced surface morphology is a stepping stone to-
wards development of an in vitro organ-on-a-chip technology mimicking 
kidney stone formation in the human nephron under physiological and 
dynamic flow conditions. 

Our work is now aimed at improving the microfluidic setup with 
bubble traps and then studying the influence of kidney surface 
morphology on kidney stone formation. The stochastic nature of crys-
tallization bids us to perform a statistically significant number of ex-
periments to support any claim [43,44]. As there are multiple 
morphologies found in the nephron, the number of experiments is sub-
stantial and time-consuming [45–48]. Our microchip contains eight 
separate microchannels, which decreases fabrication time. Performing 
experiments in parallel is expected to decrease the overall experimen-
tation time required to span this substantial parameter space. Finally, 
given the flexibility of 2PP in creating nanopillars with varying di-
ameters, heights, spacings, and modulus [17], kidney models can be 
created to study crystallization under a range of surfaces with differing 
micro-topographies and mechanical behaviours. 
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